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ABSTRACT: Surface-functionalization chemistries were
optimized to tailor the surface chemistry of polyethylene,
and this made covalent attachment of bioactive molecules
possible. This concept has relevance in biomaterials, bio-
sensors, textiles, and active food-packaging applications.
Clean polyethylene films were subjected to chromic acid
oxidation to introduce carboxylic acids. A range of func-
tional groups, including amine, aldehyde, thiol, and
hydroxyl, were then introduced to the surface of the oxi-
dized films with functionalized crosslinking agents and
covalent bioconjugation chemistries. The quantity of func-
tional groups was further increased by subsequent grafting
of polyfunctional agents such as polyethylenimine and pol-
y(acrylic acid). The number and type of functional groups
were quantified by contact-angle, dye-assay, attenuated

total reflectance/Fourier transform infrared, and X-ray
photoelectron spectroscopy analyses. We optimized chem-
istries to introduce a variety of functional groups to the
surface of low-density polyethylene in numbers ranging
from several picomoles per centimeter squared to tens of
nanomoles per centimeter squared. A range of bioactive
compounds, including antimicrobials, antibodies, oligonu-
cleotides, cell precursors, drugs, peptides, enzymes, and
synthetic biomimetic agents, can be covalently bound to
these functional groups in the development of nonmigra-
tory biofunctionalized polymers. � 2008 Wiley Periodicals,
Inc. J Appl Polym Sci 108: 2940–2949, 2008
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INTRODUCTION

There is a growing interest in the covalent immobili-
zation of bioactive compounds onto polymer surfa-
ces for applications in the biomedical,1–10 textile,11–19

bioanalytical,20–28 bioprocessing,29–31 and food-pack-
aging32–35 industries. In practice, a polymer substrate
is chosen for its bulk properties (elasticity, strength,
origin, clarity, degradability, etc.). The polymer sur-
face is then functionalized to possess the desired
type and quantity of functional groups. Finally, a
bioactive compound of interest is covalently bound
to the functionalized polymer surface. Although
noncovalent adsorption may be useful in some
applications, covalent immobilizations provide the
most stable bond between the compound and the
functionalized polymer surface. This approach offers
advantages in biomedical applications, such as pre-
venting metabolism of chemotherapeutic molecules
that have antitumor activity when used locally but
may be toxic if metabolized or allowing continued

bioactivity of indwelling devices such as shunts,
catheters, and vascular prostheses.36,37 In nonmigra-
tory active food-packaging applications, a covalent
linkage may offer the regulatory advantage of not
requiring approval as a food additive.38–40

There are a number of challenges to modifying the
polymer surface so that the biomolecule can be cova-
lently bound and retain bioactivity. Techniques in
polymer surface modification have focused on
increasing surface polarity to improve adhesion, wet-
ting, and printability, with little focus on functional
group specificity. Surface-functionalization techni-
ques must therefore be adapted to introduce specific
functional groups. The specific functionality imparted
to the inert polymer surface must be compatible with
the reactive sites on the biomolecule to be covalently
attached to that surface. When a large number of sur-
face-functional groups is required, branched or den-
dritic tether molecules can be used.3,4,9,41–44 In addi-
tion, the activity of a bioactive compound often
changes when it is covalently bound to a polymer sub-
strate, and this may be a result of surface-induced
hydrophobic denaturation, a change in local pH due to
the presence of ionizable groups, or reduced biomole-
cule mobility.45–47 It would therefore be useful to be
able to control the chemistry of a polymer surface in
terms of the type and quantity of functional group
present as well as the length of the crosslinkers used to
immobilize the biomolecule.
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The objective was to optimize the introduction of
a range of functional groups useful in bioconjugation
chemistries to the surface of low-density polyethyl-
ene (PE) films. PE was chosen as a model substrate
because of its prevalence in packaging,34,48 biomedi-
cine,49–53 and other applications. Parameters such as
the reactant concentration, reaction time, and pH
were investigated to characterize the effect of reac-
tion conditions on the resulting number of available
surface-functional groups. The long-term goal of this
research is to develop surface-functionalization chem-
istries that can be used to produce a known type and
quantity of functional groups on a polymer surface, to
which a bioactive compound of interest can be cova-
lently bound.

EXPERIMENTAL

Materials

Additive-free, low-density PE (640I; 100 mm) was
kindly donated by Dow Chemical Co. (Midland,
MI). Poly(acrylic acid) (weight-average molecular
weight 5 450,000) was purchased from Scientific
Polymer Products (Ontario, NY). Chromium trioxide
(anhydrous), ethylenediamine tetraacetic acid (EDTA),
and toluidine blue O were purchased from Fisher
Scientific (Fair Lawn, NJ). Acid orange 7, 5, 50-dithio-
bis-(2-nitrobenzoic acid) (Ellman’s reagent), 1-ethyl-
3-(3-dimethylamino-propyl) carbodiimide (EDC),
ethylenediamine dihydrochloride (98%), glutaralde-
hyde (50 wt %), N-hydroxysuccinimide (NHS), poly-
ethylenimine (PEI; weight-average molecular weight
5 25,000), Schiff’s reagent, and sodium cyanoboro-
hydride coupling buffer (3 g/L) were purchased

from Sigma–Aldrich (St. Louis, MO). L-Cysteine
hydrochloride monohydrate (cysteine) was pur-
chased from MP Biomedicals (Aurora, OH). 2-Imino-
thiolane�HCl (Traut’s reagent) was purchased from
Pierce Biotechnology, Inc. (Rockford, IL). All other
reagents were obtained from commercial laboratory
supply stores and were reagent-grade or better.

Surface functionalization

PE films (2 3 2 cm2) were sonicated for 10 min in
three aliquots of dichloromethane (99.9%), then ace-
tone (99.7%), and finally deionized water. Cleaned
films were then oxidized for 2 min in 708C chromic
acid [29 : 42 : 29 weight ratio of chromium trioxide,
deionized water, and sulfuric acid (96%)], and this
was followed by 15 min of soaking in 508C nitric
acid (70%).34,54 Oxidized films [carboxyl-functional-
ized polyethylene (PE–COOH)] were subjected to
various aqueous surface-functionalization treatments,
followed by rinsing in copious volumes of distilled
water, to change the quantity or type of the surface-
functional groups. In all cases, molar excess is defined
as the ratio of the moles of the bioconjugation rea-
gent to the estimated moles of available surface-
functional groups. Functionalized PE films that were
not used immediately were stored in deionized
water to inhibit the migration of polar surface-func-
tional groups into the polymer bulk. Figures 1 and 2
illustrate the overall reaction scheme and identify
abbreviations used to describe the resulting films.

PE–polyNH2 films were prepared as previously
reported by the shaking of PE–COOH films for 2 h at
room temperature in a 30 mg/mL solution of PEI in

Figure 1 Reaction scheme for the synthesis of polyamine-functionalized polyethylene (PE–polyNH2), amine-functional-
ized polyethylene (PE–NH2), aldehyde-functionalized polyethylene (PE–CHO), thiol-functionalized polyethylene (PE–SH),
and hydroxyl-functionalized polyethylene (PE–OH) surfaces.
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0.1M sodium carbonate buffer (pH 9.6) containing a
100 molar excess of NHS and a 1000 molar excess of
EDC.34 PE–NH2 and PE–OH films were prepared by
the shaking of PE–COOH films at room temperature
in 0.067M phosphate buffer containing a 1000 molar
excess of the crosslinker (ethylenediamine and etha-
nolamine, respectively), a 1000 molar excess of EDC,
and a 100 molar excess of NHS. The buffer pH and
reaction time were varied to determine which condi-
tions provided maximum conjugation efficiency. PE–
polyCHO films were prepared by the shaking of PE–
polyNH2 films at room temperature in 0.1M sodium
carbonate buffer (pH 9.6) containing a 100 molar
excess of sodium cyanoborohydride as a reducing
agent. PE–polySH films were prepared by the conju-
gation of Traut’s reagent to the amines present on PE–
polyNH2 films at room temperature in 0.067M phos-
phate buffer (pH 8.0) containing 5 mM EDTA.55,56 To
optimize surface functionalization of PE–polyCHO
and PE–polySH films, the reaction time and concen-
tration of the crosslinker were varied. PE–polyCOOH
films were prepared by the shaking of PE–polyNH2

films for 4 h at room temperature in 0.1M 2-(N-mor-
pholino) ethane sulfonic acid buffer (pH 6.5) contain-
ing a 1 : 6 molar ratio of poly(acrylic acid) to available
primary amines and equimolar quantities of both
NHS and EDC to available primary amines. PE–poly-
OH, PE–CHO, and PE–SH films were prepared under

optimum conditions identified in preparing PE–OH,
PE–polyCHO, and PE–polySH films.

Surface analysis

After each step in the modification, polymer surfaces
were analyzed for changes in hydrophilicity and sur-
face chemistry. To measure surface hydrophilicity,
water contact angles of control and functionalized
PE films (n 5 6, two droplets on each of three sepa-
rate films) were measured on a Tantec (Schaumburg,
IL) CAM-Plus goniometer with reagent-grade deion-
ized water.57,58

The number of available carboxylic acids and/or
primary amines was quantified with dyes that com-
plex with specific functional groups in an equimolar
ratio.59 The number of carboxylic acids was deter-
mined with the toluidine blue O assay.60 Control
and modified PE films were shaken for 3 h at room
temperature in 0.5 mM toluidine blue O in deionized
water adjusted to pH 10 by NaOH and then rinsed
with an NaOH solution at pH 10 to remove noncom-
plexed dye. Complexed dye was desorbed by the
immersion of films in 50 wt % acetic acid, and ab-
sorbance of the acetic acid solution was read at
633 nm and compared to a standard curve made of
dye in 50 wt % acetic acid. The number of available
primary amines was similarly determined with an

Figure 2 Reaction scheme for the synthesis of polyaldehyde-functionalized polyethylene (PE–polyCHO), polythiol-func-
tionalized polyethylene (PE–polySH), polycarboxyl-functionalized polyethylene (PE–polyCOOH), and polyhydroxyl-func-
tionalized polyethylene (PE–polyOH) surfaces.
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adaptation of the acid orange 7 method.59 Films
were shaken for 3 h at room temperature in 1 mM
acid orange 7 in deionized water adjusted to pH 3
by HCl and then rinsed. Dye was desorbed in deion-
ized water adjusted to pH 12 by NaOH, and absor-
bances were read at 460 nm. The number of surface
thiol groups was determined with Ellman’s rea-
gent.55,61 Films were immersed in 0.067M phosphate
buffer (pH 8.0) containing 5 mM EDTA, to which
50 mL of a 4 mg/mL solution of Ellman’s reagent in
0.067M phosphate buffer (pH 8.0) containing 5 mM
EDTA was added. After 15 min of shaking at room
temperature, absorbances were read at 412 nm and
compared to a cysteine standard curve. The presence
of surface aldehydes was qualitatively confirmed
with Schiff’s reagent, which turns pink when in con-
tact with aldehydes.62

X-ray photoelectron spectroscopy (XPS) was con-
ducted at the Penn State Materials Characterization
Laboratory (State College, PA) on a Kratos Analyti-
cal Axis Ultra (Kratos Anaytical, Inc., Chestnut
Ridge, NY) with a monochromatic Al Ka X-ray
source operating at an X-ray power of 280 W. Spec-
tra were collected with a 908 takeoff angle and a
pass energy of 80 or 20 eV (for high-sensitivity and
high-resolution scans, respectively) and were refer-
enced to the C 1s binding energy at 285 eV. A
charge neutralizer was used to compensate for
charge buildup, and films were wrapped in alumi-
num foil, except for the spot analyzed, to minimize
charging.

Attenuated total reflectance (ATR)/Fourier trans-
form infrared (FTIR) spectroscopy was conducted at
the Cornell Nanobiotechnology Center (Ithaca, NY)
on a Vertex 80v vacuum FTIR spectrometer (Bruker
Optics, Inc., Ettlingen, Germany) with a liquid-nitro-

gen-cooled detector, evacuated optics, sample com-
partments, and a diamond ATR crystal. Each spec-
trum represents 1024 scans at an 8-cm21 resolution
taken against a reference spectrum of an empty ATR
crystal. The resultant spectra were processed and an-
alyzed with KnowItAll Informatics System 5.0 (Bio-
Rad, Hercules, CA).

Statistical analysis

One-way analyses of variance (ANOVAs) and pair-
wise comparisons were conducted with Minitab
release 14.1 from Statistical Software (State College,
PA). Lines were fit to plotted data with nonlinear
regression models with GraphPad PRISM (GraphPad
Software, San Diego, CA), which was also used to
generate graphs.

RESULTS AND DISCUSSION

Optimization of surface-functionalization
chemistries

Conjugation of ethylenediamine to PE–COOH to
form PE–NH2 films was optimized by the variation
of the pH and reaction time and quantification of the
change in surface primary amines with the acid
orange 7 assay.59 One-way ANOVA (P < 0.05) fol-
lowed by Fisher’s pairwise comparison (P < 0.10)
indicated that conjugation in 0.067M phosphate
buffer (pH 7.5) generated the maximum number of
primary amines (Table I). The gain in available pri-
mary amines as a function of increasing reaction
time was fit to a one-phase exponential association
model (Fig. 3), from which it was determined that
4 h was the optimum reaction time.

Synthesis of PE–OH films, via the immobilization
of ethanolamine to PE–COOH films, was optimized
by the variation of the pH and reaction time and

TABLE I
Effect of Buffer pH on the Optimization of PE–NH2 and

PE–OH Conjugation Chemistry

Buffer
pH

PE–NH2

primary amine
(nmol/cm2)a

PE–OH
carboxylic acid
(nmol/cm2)b

5.0 0.306 6 0.03 2.13 6 0.12
5.5 0.306 6 0.16 2.22 6 0.26
6.0 0.458 6 0.04 2.26 6 0.13
6.5 0.635 6 0.18 2.20 6 0.15
7.0 0.689 6 0.12 1.95 6 0.20
7.5 0.846 6 0.13 2.30 6 0.15
8.0 0.682 6 0.11 2.48 6 0.15
8.5 0.599 6 0.10 2.54 6 0.07
9.0 0.627 6 0.11 2.49 6 0.16
9.5 0.705 6 0.26 2.65 6 0.14

a Values are averages of at least three determinations
plus or minus the standard deviation.

b Values are averages of at least six determinations plus
or minus the standard deviation.

Figure 3 Effect of time on the optimization of PE–NH2

conjugation chemistry. Values represent means 6 standard
error.
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quantification of the resulting loss in available
carboxylic acids with the toluidine blue O assay.60

One-way ANOVA (P< 0.05) followed by Fisher’s pair-
wise comparison (P < 0.05) indicated that conjugation
in 0.067M phosphate buffer (pH 7.0) resulted in the
greatest loss of available carboxylic acids (Table I). The
loss of available carboxylic acids as a function of
increasing reaction time was fit to a one-phase expo-
nential decay model (Fig. 4), from which it was deter-
mined that 4 hwas the optimum reaction time.

Conjugation of glutaraldehyde to PE–polyNH2,
resulting in PE–polyCHO films, was optimized by
the variation of the reaction time and molar excess
of glutaraldehyde and quantification of the resulting
loss in available primary amines with the acid or-
ange 7 assay. The loss of available primary amines
as a function of increasing conjugation time and the
loss of available primary amines as a function of
increasing molar excess of glutaraldehyde were fit to
a one-phase exponential decay model [Fig. 5(a,b)].
As discussed later, glutaraldehyde forms several
cyclic hemiacetal and linear polymers under basic
and/or high concentration conditions; this polymer-

ization results in an increase in UV absorbance.63–65

There is an interest in maintaining homogeneous
tether molecule length and chemistry, as these fac-
tors impact biomolecule denaturation, mobility, and
microenvironment, which in turn affect activity.47 In
addition, because glutaraldehyde immobilization
was quantified by a reduction in amines, not an
increase in available aldehydes, there is concern that
polymerized glutaraldehyde structures may crosslink
the surface amines. For these reasons, the optimum
conditions for glutaraldehyde immobilization (24-h
conjugation time and a molar excess factor of 3000)
were selected to be those which had the greatest
reduction in available amines while minimizing glu-
taraldehyde polymerization, as determined by UV
spectroscopy (data not shown). Nevertheless, it was
observed that the PE–polyCHO films had increased
opacity, which indicated that some polymerized
forms of glutaraldehyde were present.

Synthesis of PE–polySH films, via immobilization
of Traut’s reagent to PE–polyNH2 films, was opti-
mized by the variation of the reaction time and
molar excess of Traut’s reagent and quantification of
the resulting gain in available thiols with Ellman’s
reagent.55,61 One-way ANOVA (P < 0.05) followed
by Fisher’s pairwise comparison (P < 0.10) sug-
gested that a 4-h conjugation resulted in the maxi-
mum number of available thiol groups [Fig. 6(a)].
Although more stable against hydrolysis than many
other thiolating reagents,39,48,54,66 over time the ring
structure of Traut’s reagent will hydrolyze to methyl
4-mercaptobutyrimidate, which possesses a free ter-
minal thiol. Therefore, it is expected that at some
point, the rate of hydrolysis of Traut’s reagent and
subsequent formation of disulfide bonds to the sur-
face thiols will be greater than the rate of introduc-
tion of thiols to the surface amines. This may explain
the observed decrease in available thiols, as meas-
ured by Ellman’s reagent, after 4 h of conjugation.
The gain in available thiol groups as a function of
increasing molar excess of Traut’s reagent was fit to

Figure 4 Effect of time on the optimization of PE–OH
conjugation chemistry. Values represent means 6 standard
error.

Figure 5 Effects of (a) time and (b) a molar excess of glutaraldehyde on the optimization of PE–polyCHO conjugation
chemistry. Values represent means 6 standard error.
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a one-phase exponential association model [Fig.
6(b)]. Optimum conditions for the preparation of
PE–polySH films were found to be a 4-h reaction
time and a molar excess factor of 100.

Surface chemistry and hydrophilicity

Changes in surface functionality and hydrophilicity
resulting from the conjugations illustrated in Figures
1 and 2 are summarized in Table II. Oxidation by
chromic acid introduced 6.12 nmol/cm2 carboxylic
acids. Conjugation of PEI to PE–COOH reduced the
available carboxylic acids, indicating a covalent link-
age, and increased the number of primary amines to
18.2 nmol/cm2. Conjugation of ethylenediamine to
PE–COOH reduced the number of available carbox-
ylic acids by 2.4 nmol/cm2 and introduced 2.1
nmol/cm2 primary amines. The observed discrep-
ancy between the loss in carboxyls and the gain in
amines may be a result of variations between dye
assays, or possible intramolecular crosslinking of car-
boxylic acids within crevasses of the oxidized sur-

face, as etching is reported to occur during chromic
acid oxidation.55 Because ethanolamine is heterobi-
functional, intramolecular crosslinking is unlikely,
and it can be assumed that the loss in carboxylic
acids indicates the presence of 3.2 nmol/cm2

hydroxyls. Conjugation of glutaraldehyde to PE–poly
NH2 reduced the number of available primary
amines by 17.8 nmol/cm2. Although some crosslink-
ing of glutaraldehyde within the polyaminated sur-
face is expected, the presence of available aldehydes
was confirmed by a positive response to Schiff’s rea-
gent. Conjugation of Traut’s reagent to PE–polyNH2

resulted in the introduction of 170 pmol/cm2 avail-
able thiols. The increase in available amines may be
a result of an interaction between the acid orange 7
dye and the imine side chain of Traut’s reagent. Of
all the functional groups investigated for PE surface
functionalization, thiols are the most reactive and
the most vulnerable to oxidation. EDTA was in-
cluded in the conjugation buffer to minimize
metal-catalyzed oxidation, but because surface thiols
may form disulfide crosslinks, thiol-functionalized

Figure 6 Effects of (a) time and (b) a molar excess of Traut’s reagent on the optimization of PE–polySH conjugation
chemistry. Values represent means 6 standard error.

TABLE II
Surface Chemistry of Control and Modified PE Films

Film sample
Carboxylic acid
(nmol/cm2)a

Primary amine
(nmol/cm2)b Aldehydec

Thiol
(nmol/cm2)a

Water contact
angled

PE 0.36 6 0.1 0.07 6 0.1 2 0.008 6 0.046 100.5 6 1.4
PE–COOH 6.12 6 2.0 0.07 6 0.1 2 20.031 6 0.008 66.8 6 0.9
PE–polyNH2 0.52 6 0.0 18.20 6 3.5 2 20.039 6 0.023 58.7 6 1.2
PE–NH2 3.70 6 0.6 2.17 6 0.3 2 0.039 6 0.034 62.8 6 0.4
PE–OH 2.94 6 0.6 2 69.0 6 1.1
PE–polyCHO 0.41 6 0.2 1 43.8 6 0.8
PE–polySH 26.27 6 6.5 2 0.169 6 0.069 60.8 6 0.5
PE–polyCOOH 9.53 6 0.3 11.33 6 0.8 2 20.2 6 0.5
PE–polyOH 5.55 6 1.0 2 10.7 6 0.6
PE–CHO 1.89 6 0.2 1 60.5 6 1.5
PE–SH 2.01 6 0.6 2 0.251 6 0.008 69.8 6 3.9

a Values are averages of three determinations plus or minus the standard deviation.
b Values are averages of four determinations plus or minus the standard deviation.
c Indicates a negative (2) or positive (1) response to Schiff’s reagent.
d Values are averages of six determinations (two droplets on each of three separate films) plus or minus the standard

deviation.
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polymer surfaces should be used shortly after pre-
paration or protected with a reversible blocking
agent.55

Conjugation of poly(acrylic acid) to PE–polyNH2

reduced the number of primary amines by 6.9
nmol/cm2 and resulted in 9.5 nmol/cm2 available
carboxylic acids. Longer conjugation times resulted
in a greater reduction in the number of available
primary amines but a decrease in the number of
available carboxylic acids (data not shown), a conse-
quence of the reactive polyfunctional crosslinker. To
prevent carboxylic acids from continuing to react
with the PEI linker layer, resulting in a net decrease
in surface functionality, films were rinsed after con-
jugation to remove EDC/NHS.

Conjugation of ethanolamine to the resulting PE–
polyCOOH films bound 4.0 nmol/cm2 carboxylic
acids, likely introducing as many hydroxyls. Conju-
gation of glutaraldehyde to PE–NH2 films bound
0.28 nmol/cm2 primary amines; introduction of alde-
hyde functionality was confirmed by a positive
response to Schiff’s reagent. Finally, Traut’s reagent
was bound to PE–NH2 films, generating 0.25 nmol/
cm2 thiols.

Cleaned, unmodified PE films possessed a hydro-
phobic surface, with a water contact angle of 100.58
(Table II). Oxidation by chromic acid created a
hydrophilic surface and reduced the water contact
angle to 66.88. Subsequent functionalized surfaces
remained hydrophilic, with increased hydrophilicity
for PE–polyCHO surfaces (43.88) and full wettability
for PE–polyCOOH (20.28) and PE–polyOH (10.78)
surfaces. It is interesting to note the differences in
contact angles between the pairs of surfaces (PE–
OH/PE–polyOH, PE–SH/PE–polySH, etc.). In each
case, the polyfunctional version has a lower contact
angle because of the molecular flexibility and
increased wettability provided by the long-chain pol-
ymers PEI and poly(acrylic acid).

ATR–FTIR analysis

ATR–FTIR analyses were conducted to confirm
changes in surface chemistry. Because surface modi-
fications extend nanometers into the polymer surface
and ATR–FTIR analysis probes to a depth nearing a
micrometer, spectral subtraction was necessary for
spectral peak identification (Fig. 7). Spectra of
surface-functionalized films were subtracted from
spectra of the next step in the functionalizations
illustrated in Figures 1 and 2.

Clean, unmodified PE films had absorption bands
at the expected frequencies for saturated aliphatic
groups, including strong intensities at 2936–2916,
2863–2843, and 750–720 cm21 for methylene vibra-
tions, as well as a less intense absorption at 1380–
1375 cm21 indicating methyl groups. Chromic acid

oxidized films presented a low-intensity absorption
at 3100–2900 cm21, a strong, sharp absorption at
1725–1700 cm21, and a lower intensity absorption at
1440–1395 cm21, all indicating the presence of car-
boxylic acids. PE–polyNH2 films had absorptions at
1650–1590 and 1650–1550 cm21, which were attrib-
uted to primary and secondary amines. The loss in
intensity of the carboxylic acid absorption (1725–
1700 cm21) as well as the presence of character-
istic amide bands (1680–1630, 1570–1515, and 1490–
1440 cm21) suggested a covalent linkage between
PEI and PE–COOH. Similar to PE–polyNH2, PE–
NH2 films showed characteristic amide and amine
absorption bands and a corresponding loss in car-
boxylic acid intensity, indicating that ethylenedia-
mine was covalently linked to the PE–COOH sur-
face, but at lower intensity than the bands observed
in the PE–polyNH2 spectrum, as expected. For PE–
OH films, the introduction of a broad hydroxyl
group absorption (3400–3200 cm21) and amide bands
at 1680–1630, 1570–1515, and 1490–1440 cm21, in
addition to the loss of carboxylic acid band intensity

Figure 7 ATR–FTIR difference spectra of modified PE
films. The values (0.78–1.40) represent scaling factors used
in spectral subtractions. Gray bands highlight functional
group absorptions.
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at 1725–1700 cm21, indicated that ethanolamine was
covalently linked to PE–COOH surfaces.

The ATR–FTIR spectrum of PE–polyCHO had a
narrow absorption at 1740–1720 cm21 and weaker
bands at 2775–2695 and 1392–1388 cm21, all charac-
teristic aldehyde vibrations. Also evident were sec-
ondary amine absorptions at 3500–3300, 1146–1132,
750–700, and 1650–1550 cm21, indicating reductive
amination. The PE–polyCHO spectrum had a variety
of other absorption bands as well, and this supports
reports that glutaraldehyde polymerizes to several
molecular structures in an aqueous solution, often as
a result of basic conditions or a high glutaraldehyde
concentration.63–65 Figure 8(a–c) illustrates the native
structures of glutaraldehyde and two representative
molecular structures of polymerized glutaraldehyde,
a cyclic hemiacetal structure and a linear polymer
with ethylene double bonds. The presence of the
cyclic hemiacetal form [Fig. 8(b)] was evident by
alcohol absorption bands at 3400–3200, 1410–1310,
and 1210–1100 cm21, as well as the slight six-ring
ether asymmetric stretching vibration band at 1110–
1090 cm21. Characteristic alkene bands (1692–1667
and 995–985 cm21) and higher intensity alkane
bands (1485–1445 and 750–720 cm21) suggest the
presence of the linear polymer form of glutaralde-
hyde [Fig. 8(c)].

Characteristic thiol stretching vibrations at 2590–
2540 cm21 were not present in either the PE–SH or
PE–polySH films because of a combination of factors:
the deep sampling depth of ATR–FTIR, which
approaches 1 mm, and the low concentration (pico-
molar) of thiols on the polymer surface. The
ATR–FTIR spectrum of PE–polyCOOH had sharp
absorption bands at the characteristic stretching and
bending vibrations of carboxylic acids (1725–1700
and 1440–1395 cm21, respectively) as in the PE–
COOH spectrum. It also possessed a broad carboxyl
absorption band at 3100–2900 cm21, but with greater
intensity than in PE–COOH, as expected. An ester
stretching vibration at 1300–1160 cm21 was also
present on the PE–polyCOOH, but not PE–COOH,
spectrum, an attribute of the polyfunctional nature

of poly(acrylic acid). As in the PE–OH spectrum, the
PE–polyOH spectrum showed a broad band at the
hydroxyl group stretching vibration (3400–3200
cm21), but with greater intensity, which supports the
dye-assay indication that more ethanolamine conju-
gated to PE–polyCOOH films than to PE–COOH
films (Table II). In addition, the characteristic amide
band at 1680–1630 cm21 was more pronounced than
in PE–OH, representing the numerous amide bonds
in the underlying poly(acrylic acid)/PEI linkage.
Again, a loss in carboxyl band intensity and a gain
in amide band intensity point to a covalent linkage
between ethanolamine and PE–polyCOOH. The
ATR–FTIR spectrum for PE–CHO films had alde-
hyde and secondary amine absorption bands similar
to those found in the PE–polyCHO spectrum, as
well as bands indicative of the presence of polymer-
ized glutaraldehyde (hydroxyl, alkene, and ether),
but at lower intensity, as expected.

XPS analysis

The high carbon and low oxygen contents of the
unmodified PE suggest a clean surface (Table III).
PE–COOH films saw a marked increase in the oxy-
gen percentage, as expected from the oxidation. The
increase in nitrogen and corresponding decrease in
oxygen and carbon of PE–polyNH2 films, in compar-
ison with PE–COOH films, confirms the addition of
PEI to the surface. Likewise, PE–NH2 films had an
increase in nitrogen and decrease in oxygen and car-
bon versus PE–COOH, but to a lesser extent, as
expected. Conjugation of the ethanolamine to PE–
COOH resulted in slight increases in nitrogen, from
the introduction of the amide linkage, and carbon,
from the aliphatic tether, and a corresponding
decrease in oxygen. The marked increase in oxygen

TABLE III
Atomic Compositions of Control and Modified PE Films

as Determined by XPSa

Film sample O 1s N 1s C 1s S 2p

PE 1.2 – 98.7 –
PE–COOH 7.6 0.3 91.4 0.1
PE–polyNH2 6.0 5.7 87.6 0.1
PE–NH2 6.2 1.6 91.1 0.2
PE–OH 6.2 1.5 92.0 –
PE–polyCHO 24.7 0.1 74.7 0.1
PE–polySH 6.4 6.8 84.8 1.4
PE–polyCOOH 16.4 5.9 77.3 0.1
PE–polyOH 15.8 8.7 74.9 0.1
PE–CHO 11.9 1.0 86.8 –
PE–SH 5.6 1.5 92.3 0.4

a Silicon, sodium, and chlorine were contaminants pres-
ent on films at levels less than 1.0% and accounted for film
sample atomic compositions totaling less than 100.0%. Low
levels of sulfur (<0.2%) on nonthiolated films were also
attributed to contamination.

Figure 8 Molecular structures of native and polymerized
glutaraldehyde.
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after conjugation of glutaraldehyde to PE–polyNH2

films, along with the corresponding decrease in
nitrogen and carbon, confirms the findings from
ATR–FTIR analysis, that the high concentration of
glutaraldehyde used in the conjugation buffer fos-
tered polymerization, which in turn resulted in a
more complex crosslinker structure and therefore a
thicker tether layer than the one indicated in Fig-
ure 2. After covalent immobilization of Traut’s rea-
gent to PE–polyNH2 films, the atomic composition
(%) of both sulfur and nitrogen increased, as pre-
dicted from the cyclic imidothioester structure of
Traut’s reagent. Conjugation of poly(acrylic acid) to
PE–polyNH2 films resulted in a marked increase in
oxygen, as expected, as well as a slight decrease in
carbon. As with the difference between PE–COOH
and PE–OH films, PE–polyOH films had a slight
decrease in oxygen and slight increase in nitrogen
when compared to PE–polyCOOH films. Again,
these changes confirm the immobilization of ethanol-
amine to the modified surface. Likewise, PE–CHO
films had higher oxygen and lower nitrogen than
PE–NH2 films; this was similar to what was ob-
served between PE–polyNH2 and PE–polyCHO
films, but on a smaller scale. Finally, the atomic com-
position of PE–SH films confirmed the introduction
of Traut’s reagent via the increase in sulfur, but to a
lesser extent than that observed in PE–polySH films.
This contrasts with the dye-assay result, which indi-
cates more thiols on PE–SH than PE–polySH films. It
is possible that the more flexible PEI linkage allows
the formation of disulfide bonds in the PE–polySH
films, thus reducing the available thiol groups.

CONCLUSIONS

We have demonstrated the ability to tailor the chem-
ical functionality of the surface of low-density PE in
both type and quantity of functional group, without
affecting the desirable bulk material properties.
Using a combination of spectral (XPS and ATR–
FTIR) and chemical (dye assay and contact angle)
surface analytical tools, we were able to characterize
the conjugation chemistries as affected by pH, time,
and molar excess factor and confirm the presence
and quantity of the desired functional group at each
step in the modification process. Reactive functional
groups important to bioconjugation chemistry, in-
cluding primary amine, carboxylic acid, hydroxyl,
thiol, and aldehyde functionalities, were each intro-
duced to the surface of PE film. The low deviation
observed in dye-assay and contact-angle results sug-
gests a uniform surface coverage of the desired func-
tionalities. By varying reaction conditions, we were
able to change the quantity of a given functional
group, ranging from 10 pmol/cm2 to 10–20 nmol/cm2.

The contact angles of the PE surfaces ranged from 10
to 1008, suggesting that in addition to generating spe-
cific functional groups, these surface-modification
chemistries could be used to create surfaces with
defined hydrophilicity. By taking such a systematic
approach to polymer surface functionalization, we
have developed surfaces to which a number of bioac-
tive compounds can be covalently linked for applica-
tions in biomedicine, bioanalytical assays, antimicro-
bial surfaces, and active food packaging. Forthcoming
research focuses on using dry chemical techniques
such as plasma oxidation and ozone/UV irradiation
for initial oxidation.
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in determining preliminary reaction conditions.

References

1. Welle, A.; Horn, S.; Schimmelpfeng, J.; Kalka, D. J Neurosci
Methods 2005, 142, 243.

2. Byun, Y.; Jacobs, H. A.; Kim, S. W. J Biomater Sci Polym Ed
1994, 6, 1.

3. Vasilets, V. N.; Hermel, G.; Konig, U.; Werner, C.; Muller, M.;
Simon, F.; Grundke, K.; Ikada, Y.; Jacobasch, H. J. Biomaterials
1997, 18, 1139.

4. Cheng, Z. Y.; Teoh, S. H. Biomaterials 2004, 25, 1991.
5. Crombez, M.; Chevallier, P.; Gaudreault, R. C.; Petitclerc, E.;

Mantovani, D.; Laroche, G. Biomaterials 2005, 26, 7402.
6. Chevallier, P.; Janvier, R.; Mantovani, D.; Laroche, G. Macro-

mol Biosci 2005, 5, 829.
7. Li, J. M.; Singh, M. J.; Nelson, P. R.; Hendricks, G. M.; Itani,

M.; Rohrer, M. J.; Cutler, B. S. J Surg Res 2002, 105, 200.
8. Balas, F.; Kawashita, M.; Nakamura, T.; Kokubo, T. Biomateri-

als 2006, 27, 1704.
9. Kim, Y. J.; Kang, I. K.; Huh, M. W.; Yoon, S. C. Biomaterials

2000, 21, 121.
10. Hu, Y. H.; Winn, S. R.; Krajbich, I.; Hollinger, J. O. J Biomed

Mater Res Part A 2003, 64, 583.
11. Lin, J.; Qiu, S. Y.; Lewis, K.; Klibanov, A. M. Biotechnol Bioeng

2003, 83, 168.
12. Hu, S. G.; Jou, C. H.; Yang, M. C. J Appl Polym Sci 2002, 86,

2977.
13. Yang, J. M.; Lin, H. T.; Wu, T. H.; Chen, C. C. J Appl Polym

Sci 2003, 90, 1331.
14. Sun, G.; Xu, X. Text Chem Color 1999, 31, 21.
15. Sun, G.; Xu, X. Text Chem Color 1999, 31, 31.
16. Sun, G.; Xu, X. J. Text Chem Color 1998, 30, 26.
17. Sun, Y. Y.; Sun, G. J Appl Polym Sci 2003, 88, 1032.
18. Sun, Y. Y.; Sun, G. Ind Eng Chem Res 2004, 43, 5015.
19. Sun, Y.; Sun, G. J Appl Polym Sci 2002, 84, 1592.
20. Nahar, P.; Naqvi, A.; Basir, S. F. Anal Biochem 2004, 327, 162.
21. Holmberg, K.; Bergstrom, K.; Stark, M.-B. In Poly(ethylene gly-

col) Chemistry: Biotechnical and Biomedical Applications; Har-
ris, J. M., Ed.; Plenum: New York, 1992; p 303.

22. Glodek, J.; Milka, P.; Krest, I.; Keusgen, M. Sens Actuators B
2002, 83, 82.

2948 GODDARD AND HOTCHKISS

Journal of Applied Polymer Science DOI 10.1002/app



23. Prissanaroon, W.; Brack, N.; Pigram, P. J.; Hale, P.; Kappen, P.;
Liesegang, J. Synth Met 2005, 154, 105.

24. Liu, X.; Neoh, K. G.; Cen, L.; Kang, E. T. Biosens Bioelectron
2004, 19, 823.

25. Fixe, F.; Dufva, M.; Telleman, P.; Christensen, C. B. V. Nucleic
Acids Res 2004, 32, E9.

26. Fixe, F.; Dufva, M.; Telleman, P.; Christensen, C. B. V. Lab
Chip 2004, 4, 191.

27. Dominick, W. D.; Berhane, B. T.; Mecomber, J. S.; Limbach, P.
A. Anal Bioanal Chem 2003, 376, 349.

28. Situma, C.; Wang, Y.; Hupert, M.; Barany, F.; McCarley, R. L.;
Soper, S. A. Anal Biochem 2005, 340, 123.

29. Bayramoglu, G.; Akgol, S.; Bulut, A.; Denizli, A.; Arica, M. Y.
Biochem Eng J 2003, 14, 117.

30. Ayhan, F.; Ayhan, H.; Piskin, E.; Tanyolac, A. Bioresour Tech-
nol 2002, 81, 131.

31. Cheng, T. C.; Duan, K. J.; Sheu, D. C. J Chem Technol Biotech-
nol 2006, 81, 233.

32. Appendini, P.; Hotchkiss, J. H. Packag Technol Sci 1997, 10,
271.

33. Appendini, P.; Hotchkiss, J. H. J Appl Polym Sci 2001, 81, 609.
34. Goddard, J. M.; Talbert, J. N.; Hotchkiss, J. H. J Food Sci 2007,

72, E36.
35. Vartiainen, J.; Ratto, M.; Paulussen, S. Packag Technol Sci

2005, 18, 243.
36. Alferiev, I. S.; Connolly, J. M.; Stachelek, S. J.; Ottey, A.;

Rauova, L.; Levy, R. J. Biomacromolecules 2006, 7, 317.
37. Harris, J. M. Poly(ethylene glycol) Chemistry: Biotechnical and

Biomedical Applications; Plenum: New York, 1992.
38. Anonymous. Code of Federal Regulations, title 21, Parts 170–

199, Government Printing Office: Washington, DC, 2005.
39. Steven, M. D. Food Science; Cornell University Press: Ithaca,

NY, 2004; p 133.
40. Steven, M. D.; Hotchkiss, J. H. In Novel Food Packaging Tech-

niques; Ahvenainen, R., Ed.; Woodhead: Boca Raton, FL, 2003;
p 71.

41. Dykes, G. M. J Chem Technol Biotechnol 2001, 76, 903.
42. Yang, M. C.; Lin, W. C. Polym Adv Technol 2003, 14, 103.
43. Bahulekar, R.; Ayyangar, N. R.; Ponrathnam, S. Enzyme

Microb Technol 1991, 13, 858.

44. Svenson, S.; Tomalia, D. A. Adv Drug Delivery Rev 2005, 57,
2106.

45. Ratner, B. D. Biomaterials Science: An Introduction to Materi-
als in Medicine; Elsevier: Boston, 2004.

46. Liu, X. H.; Ma, P. X. Ann Biomed Eng 2004, 32, 477.
47. Goddard, J. M.; Hotchkiss, J. H. Prog Polym Sci 2007, 32, 698.
48. Kong, J. S.; Lee, D. J.; Kim, H. D. J Appl Polym Sci 2001, 82,

1677.
49. Richey, T.; Iwata, H.; Oowaki, H.; Uchida, E.; Matsuda, S.;

Ikada, Y. Biomaterials 2000, 21, 1057.
50. Wang, P.; Tan, K. L.; Kang, E. T.; Neoh, K. G. J Mater Chem

2001, 11, 2951.
51. Moro, T.; Takatori, Y.; Ishihara, K.; Konno, T.; Takigawa, Y.;

Matsushita, T.; Chung, U. I.; Nakamura, K.; Kawaguchi, H.
Nat Mater 2004, 3, 829.

52. Desai, S.; Singh, R. P. In Long-Term Properties of Polyolefins;
Albertsson, A. C., Ed.; Springer: New York, 2004; p 231.

53. Hyun, J.; Zhu, Y. J.; Liebmann-Vinson, A.; Beebe, T. P.; Chil-
koti, A. Langmuir 2001, 17, 6358.

54. Rasmussen, J. R.; Stedronsky, E. R.; Whitesides, G. M. J Am
Chem Soc 1977, 99, 4736.

55. Hermanson, G. T. Bioconjugate Techniques; Academic: New
York, 1996.

56. Traut, R. R.; Bollen, A.; Sun, T. T.; Hershey, J. W. B.; Sundberg,
J.; Pierce, L. R. Biochemistry 1973, 12, 3266.

57. Bartell, F. E.; Zuidema, H. H. J Am Chem Soc 1936, 58, 1449.
58. Mack, G. L. J Phys Chem 1936, 40, 159.
59. Uchida, E.; Uyama, Y.; Ikada, Y. Langmuir 1993, 9, 1121.
60. Kang, E. T.; Tan, K. L.; Kato, K.; Uyama, Y.; Ikada, Y. Macro-

molecules 1996, 29, 6872.
61. Ellman, G. L. Arch Biochem Biophys 1959, 82, 70.
62. Feigl, F. Spot Tests in Organic Analysis; Elsevier: New York,

1960.
63. Kawahara, J.; Ohmori, T.; Ohkubo, T.; Hattori, S.; Kawamura,

M. Anal Biochem 1992, 201, 94.
64. Whipple, E. B.; Ruta, M. J Org Chem 1974, 39, 1666.
65. Migneault, I.; Dartiguenave, C.; Bertrand, M. J.; Waldron, K. C.

BioTechniques 2004, 37, 790.
66. Bag, D. S.; Kumar, V. P.; Maiti, S. J Appl Polym Sci 1999, 71,

1041.

LOW-DENSITY POLYETHYLENE SURFACES 2949

Journal of Applied Polymer Science DOI 10.1002/app


